Introduction
Optical microscopy has demonstrated a pivotal role in biology and medicine since the 16th century. Over the past few centuries, a tremendous amount of advancements has been made in enhancing the resolution of images, improving the penetration depth, and strengthening the instrumentation. For example, various modalities based on interference such as phase contrast microscopy and differential interference contrast microscopy were developed to inspect cellular structures at a better contrast. 1, 2 The invention of fluorescence microscopy in the 1910s further expedited the entire field at a fasterthan-ever pace by introducing the capability to probe specific molecules of interest instead of non-specific observations. 3 Several of the more recent advances were due to instrumentation, specifically super-resolution microscopy such as stimulated emission depletion (STED) microscopy, 4, 5 as well as volumetric imaging modalities such as confocal and two-photon microscopy. 6, 7 Although these techniques provide high-end capacities in probing biomedical problems, often times they cannot satisfy the need for high-throughput observations due to their bulky volumes. Current modalities available in the laboratory are difficult to mount inside an incubator, forcing one to transfer biological samples between the incubator and the microscope. Frequent disturbance to the cells may adversely affect their behavior and can be detrimental to certain cell types such as cardiomyocytes, which are highly sensitive to external perturbation and temperature alterations. Recent advances in device-based biological systems have further challenged the existing microscopy techniques where long-term, in situ, and simultaneous monitoring of parallel systems is required instead of extended resolution and volume. [8] [9] [10] As an example, the microfluidic organs-on-a-chip platform builds upon interconnected human organ models, which maximally recapitulate the biology of their in vivo counterparts and the physiology of the circulation system. [11] [12] [13] [14] [15] [16] Due to its strong similarity with the human body, it has been widely used as a platform to screen potential new pharmaceutical compounds, personalized medicine, and antidotes against biological/ chemical weapons. [17] [18] [19] [20] [21] [22] [23] In order to achieve this ambitious aim, a variety of biosensors need to be embedded into the platform to monitor in real-time the responses of individual organ models and their microenvironment, such as those based on optical methods. The measurement of these parameters in complex microfluidic systems, however, would be impractical using conventional bench-top microscopy.
Several compact image sensors have thus become available based on the lens-free technology. [24] [25] [26] [27] For example, using the lens-free imaging system, the beating behavior of neonatal cardiomyocytes upon treatment with drugs such as doxorubicin and isoprenaline was analyzed in real time. 28 Recent advances in the field have further led to the development of an ultra-portable foldable origami microscope 29 as well as several mobile phone-based strategies that can image DNA strands, 30 fluorescent nanoparticles, and viruses. 31 Despite being attractive solutions, these miniature imagers are not optimized for long-term monitoring of device-based biological systems in situ.
Based on our prior work on a prototype bright-field minimicroscope, 28, 32 here we have further developed a system with built-in fluorescence capability that can be universally mounted at the bottom of any microfluidic bioreactors and devices. With a high resolution of <2 μm and adjustable magnifications of 8-60×, the mini-microscope could monitor in real time cellular behaviors including cell motility and beating analysis of liver-and heart-on-chips, respectively. The fluorescence capability further enabled in situ observation of hepatocyte viability stained with calcein/ethidium homodimer-1 (EthD-1) prior to and upon treatment with acetaminophen.
Finally, we demonstrated the possibility of using the fluorescence mini-microscope as an oxygen sensor for intra-organoid measurement of oxygen levels. This microscope is miniaturized at a low cost, allowing for simultaneous integration of multiple units for in situ, high-throughput imaging and analysis.
Experimental section
Designing and construction of the mini-microscope A commercially available, off-the-shelf Logitech C160m USB web camera was disassembled to remove the plastic casing and expose the complementary metal-oxide semiconductor (CMOS) sensor. The base structure of the mini-microscope was fabricated from a 3 mm polyĲmethyl methacrylate) (PMMA) sheet by laser cutting (VLS 2.30 Desktop Laser System, Universal Laser Systems). Four rectangular PMMA frames were cut out, with circular holes near the edges for the assembling screws/bolts. The bottom PMMA frames held the CMOS unit and the lens while the top frames held the sample to be imaged (e.g. a microfluidic bioreactor) and the light source. Four sets of screws/bolts were mounted at the edges between the base and the sample holder for convenient focus adjustment.
To convert the webcam into the mini-microscope, we inverted the lens to achieve magnification, rather than the de-magnifying mechanism adopted by the camera. 32 To achieve different magnifications, cylinders of various heights were cut from 2.0 mL Eppendorf tubes to set the desired distances between the objective and the CMOS sensor. The tubes were further wrapped in black tape to prevent ambient light from reaching the sensor. Images were acquired with a laptop computer by connecting the camera through the USB port using either the webcam program or custom-written MATLAB (Mathworks) programs.
Quantification of resolution and field-of-view
A positive resolution target (R1DS1P, Thorlabs) was used to evaluate the resolution of the mini-microscope. Bright-field images were captured and the pixel intensities across the patterns on the resolution target were measured using ImageJ (National Institutes of Health) and plotted. Polystyrene microparticles of 16 μm in diameter were also used to qualitatively assess the magnification. The fields-of-view were measured by imaging a hemocytometer and calculating the frame sizes based on the grids.
Digital channel separation with MATLAB
A custom-coded MATLAB script was used to split the composite, as-captured images into separate channels of red, green, and blue. Briefly, the obtained image was imported into the MATLAB program and the three co-registering two-dimensional (2D) arrays were extracted from the three-dimensional (3D) matrices that represented the images for red, green, and blue channels, respectively. The selected channels were then pseudo-colored to render the colors. 
Construction of bioreactors
Resealable microfluidic bioreactors based on polydimethylsiloxane (PDMS, Dow Corning Sylgard 184, Ellsworth) were fabricated by modifying our recently developed protocol. Briefly, the bioreactors had a dual-layer structure with the inlet and organoid culture chamber on the bottom layer, and the outlet on the top. The two PDMS layers could be separated for organoid seeding, after which closure and sealing were achieved by clamping the pieces using a pair of PMMA surfaces tightened by screw/bolt sets. Cultures were maintained in the same medium with HepG2 cells at a flow rate of 200 μL h −1 . Neonatal rat cardiomyocytes were isolated from 2 day old Sprague-Dawley rats following our established protocol approved by the Institutional Animal Care and Use Committee. 33 The cardiomyocytes were then seeded onto gelatin methacryloyl (GelMA) hydrogel sheets (6 × 6 mm 2 ) containing 1 mg mL −1 carbon nanotubes (CNTs) at a density of 5 × 10 5 cells. 34, 35 The cell-seeded GelMA-CNT mats were first cultured in a petri dish with DMEM supplemented with 10 vol% FBS, 1 vol% P/S, and 1 vol% L-glutamine (Life Technologies) for up to 3 days until consistent beating was observed. The constructs were subsequently transferred to the bioreactors and maintained in the same medium at a flow rate of 200 μL h −1 .
Live/dead cell viability assessment
Fluorescence cell viability analysis for liver-on-chips was performed using the live/dead kit (Life Technologies) according to the manufacturer's instructions. When necessary, acetaminophen (Sigma-Aldrich) was added to the liver bioreactors at a concentration of 10 mM for 24 h of circulation prior to viability assay.
Oxygen measurements
PDMS microbeads with a uniform size of 30 μm were generated using microfluidic flow-focusing devices. Specifically, we used a three-to-one converging flow-focusing microchannel device to produce PDMS droplets, using uncured PDMS prepolymer (10 : 1) as the dispersive phase and 5 wt% sodium dodecyl sulfate (SDS, Sigma-Aldrich) aqueous solution as the continuous phase. The obtained PDMS droplets were then cured at 60°C before infusion with the oxygen-sensitive dye, trisĲ4,7-diphenyl-1,10-phenanthroline) rutheniumĲII) dichloride (ruthenium, Alfa Aesar) and the oxygen-insensitive dye, Nile blue (Sigma-Aldrich). The beads were incubated in a dichloromethane (Sigma-Aldrich) solution of ruthenium (5 mg mL −1 ), which also served as the swelling agent of PDMS to facilitate the infusion of the dyes into the microbeads. The dichloromethane solution was removed, briefly rinsed with isopropanol containing ruthenium, and extensively washed with distilled water for at least five times to minimize the presence of solvents. The beads were then immersed in an aqueous solution of Nile blue (1 μg mL −1 ) for 24 h. The fluorescence of ruthenium was excited at 455 nm while that of Nile blue was excited at 591 nm. In order to improve the sensing resolution of the mini-microscope, a high-pass filter of >610 nm (common emission range of both dyes) was used.
The intra-organoid oxygen levels were measured by encapsulating the oxygen-sensing PDMS beads within a liver organoid made from HepG2 cells inside a GelMA hydrogel. A total of 2 μg of 5 wt% GelMA prepolymer in phosphatebuffered saline (PBS, Life Technologies) containing 2 × 10 6 cells mL −1 and 2 × 10 4 beads mL −1 was printed at the center of a bioreactor and UV-crosslinked for 10 s. Another layer of GelMA containing only the beads, but no cells, was further crosslinked on top to cover the inner organoid. The culture was maintained for up to 24 h in a closed loop driven by a peristaltic pump at a flow rate of 200 μL h −1 .
Results and discussions

Design and characterization of the mini-microscope
Tracking cellular processes and tissue responses over time requires the use of specialized and expensive microscopes with a temperature-, humidity-, and CO 2 -controlled chamber. Laboratories often have limited access to one, which makes the analysis of multiple samples in real time challenging and time-consuming. To fulfil these needs, we have developed a fluorescence mini-microscope ( Fig. 1a and b ) with out-of-theshelf components and encased it within a specially designed PMMA frame for easy integration with existing tissue culture devices such as microfluidic bioreactors. The mini-microscope has a small form factor (4.2 × 5.5 cm 2 ) and is highly portable (65 g). It has a series of applications comparable to a benchtop fluorescence microscope such as live cell imaging, longterm tracking of cellular processes, fluorescence analysis, and biosensing. The reduced cost of each microscope (<$10, see Table S1 † for detailed components and price), together with the readily available off-the-shelf parts, enables researchers to manufacture several units in a laboratory setting with minimum investment. This is an ideal solution to economically track multiple samples at once. Additionally, using the minimicroscope directly inside the incubator avoids extra steps that can contribute to cell damage, including changes in temperature, pH, and increased chance of microbial/fungal contamination. Furthermore, with the emergence of cell-based lab-on-a-chip applications, we highlight the nature of our modular plug-and-play mini-microscope, which is capable of connecting to different setups via screws and bolts.
The body of the mini-microscope was constructed by inverting the webcam lens to magnify the object This journal is © The Royal Society of Chemistry 2015 ( Fig. 1c and d ). 32 Interestingly, it was found that, by varying the distance between the lens and the CMOS sensor using a spacer constructed from an Eppendorf tube, we could obtain a continuous gradient of magnifications. Using this approach, we were able to equip the mini-microscope with 8×, 20×, 40×, and 60× magnifications at a lens-to-sensor distance of 5 mm (no spacer), 12 mm, 24 mm, and 48 mm, respectively ( Fig. 2a and b ). As shown in Fig. 2c -f and g-j, polystyrene microbeads of 16 μm and NIH/3T3 fibroblasts could be clearly imaged under all these four magnifications. We then imaged a hemocytometer and determined the fieldsof-view of the mini-microscope at different magnifications to be 0.901 mm 2 , 0.200 mm 2 , 0.045 mm 2 , and 0.014 mm 2 , respectively ( Fig. 2k-n) .
In order to suit the majority of the applications, a lower magnification of 8× was chosen for subsequent characterizations. We determined the mini-microscope's resolution by imaging a photographic resolution target. As shown in Fig. 2o and p, the microscope was able to resolve lines as closely spaced as 2.19 μm with clear peak separation. Such a high resolution is sufficient for most laboratory applications on cell-based measurements. The design of the minimicroscope included four sets of screws/bolts for convenient focus adjustment ( Fig. 1a and b ). The working distance was determined to be 4.5 mm by imaging the targets at preset distances from the objective (Fig. S1 †) . Inherited from the webcam specifications, the mini-microscope had a maximal resolution of 1280 × 1024 pixels (1.31 megapixels) and a frame rate of 30 frames per second (fps).
Filter-free color separation and fluorescence capability
One critical functionality for the use of a small and portable mini-microscope is its fluorescence capability. Tagging cells, subcellular compartments, and extracellular matrix (ECM) molecules with fluorescence markers allows extended monitoring with increased sensitivity and precision. Moreover, various cellular functional assays involve the usage of fluorescence tags, which highlights the importance of constructing a fluorescence-capable microscope. A color CMOS sensor is typically constituted by an array of interlacing red, green, and blue (RGB) sensing units (i.e. pixels, Fig. 3a) , creating a final RGB image when mixed together. A key aspect in using fluorescence is filtering the excitation light from the emission. While conventional methods are all based on the use of filters, we opted for a filter-free approach by digitally separating the red, green, and blue components of an obtained raw image, therefore distinguishing the contributions of the source from the emitter. A custom-coded MATLAB program was used to split the acquired images into separate R/G/B Fig. 1 (a components. In order to demonstrate our concept, we used red, green, and blue LEDs as the emission sources and digitally separated the obtained images into three channels (Fig.  3b-d ) and analyzed the emission intensities ( Fig. 3e-g) . As expected, each LED had a narrow wavelength of emission within its own range and gave a clear high-intensity signal in each respective RGB channel with minimal interference in other channels. To evaluate the fluorescence capability of the mini-microscope on imaging biological samples, we cultured HepG2 cells at the bottom of a liver bioreactor and stained them with calcein AM (1 μM for 20 min). A bright-field image captured under a broadband LED revealed the morphology of the cells (Fig. 3h) . We then used a blue LED (490 nm) to excite calcein for fluorescence detection. Without channel separation, it was noticed that both the excitation light (blue) and the emission light (green) were mixed together (Fig. 3i) , rendering the observation of the fluorescence signals highly inefficient. In comparison, when we digitally split the acquired image into distinct R/G/B components ( Fig. 3j-l) , we could clearly retrieve the blue excitation component in the blue channel ( Fig. 3k ) and the green emission from calcein AM in the green channel ( Fig. 3l) , with slight residual emission in the red channel (Fig. 3j) . A final pseudo-colored image (Fig. 3m ) with minimal interference from other channels was then obtained, showing the fluorescently labelled cells in the same way as viewed on a bench-top fluorescence microscope.
Dual-channel fluorescence imaging with the mini-microscope
We next examined the capability of the fluorescence minimicroscope to simultaneously detect green and red fluorescence signals. We co-infused polystyrene beads labelled with fluorescein isothiocyanate (FITC) and rhodamine into a microfluidic channel. The mixture of the beads was then subjected to imaging under both the mini-microscope and a bench-top microscope (Nikon Eclipse Ti-S). It was clear that the mini-microscope could obtain images of the beads with green and red fluorescence, clearly differentiating the two types from a mixture ( Fig. 4a-c, left panel) . Significantly, the images captured using the mini-microscope were comparable with those from the bench-top microscope (Fig. 4a -c, left versus right panels), revealing the strong fluorescence capacity of the mini-microscope.
Assessment of drug toxicity of a liver-on-a-chip with the fluorescence mini-microscope
To further assess the usability of the fluorescence minimicroscope for tracking cellular events, we performed a cytotoxicity live/dead assay. HepG2 cells in a liver bioreactor were treated with 10 mM acetaminophen for 24 h to induce cell death and subsequently stained with a live/dead kit. For fluorescence analysis, images were acquired using a blue and a green LED as excitation sources, for emissions in the green (live cells) and red (dead cells) channels, respectively. Filterfree color separation was performed as described above to separate the excitation and emission images. Without any drug administration, we could clearly image the cells in green (live cells) with essentially no dead cells present (Fig. 4d) . At 24 h post administration of acetaminophen, on the other hand, massive cell death was observed in red ( Fig. 4e ) with the mini-microscope. The images were compared with those obtained using a bench-top microscope (Zeiss Axio Observer D1), which exhibited similar results (Fig. 4f ). We proved with this experiment that our fluorescence mini-microscope could be used to assess cell viability in situ to screen cytotoxic drugs in an organs-on-a-chip platform.
Dynamic examination of liver-and heart-on-chips
The dynamic behavior of the tissues/organoids in an organsa-chip platform is a major parameter in assessing their viability and functionality. For example, the attachment, proliferation, and migration of cells in a bioreactor is highly dependent on the local microenvironment, including the supply of nutrients/oxygen, the fluid shear stress, and the administration of pharmaceutical agents. [36] [37] [38] This is particularly true for heart-on-chip applications, where the beating of the cardiac tissues indicates not only the viability but more importantly also the functionality of the organoids. 39, 40 While the beating rate stays constant for the cardiomyocytes under normal conditions, it is easily diminished when an external stimulus is introduced into the system, such as mechanical disturbance or change in temperature. The sensitive nature of these cells further emphasizes the necessity of integrating a miniaturized microscope that can be directly fitted underneath the bioreactor for long-term monitoring of undisturbed responses of the organoids. The need is enhanced by the dependence of the beating rate of cardiomyocytes on drug treatment, 40,41 providing a simple but robust way to determine drug toxicity.
We first demonstrated the capability of our minimicroscope to monitor the dynamic processes of simplified heart-and liver-on-a-chip models. HepG2 cells were seeded onto the bottom of a microfluidic bioreactor at a density of approximately 1000 cells mm −2 . The culture was maintained at a flow rate of 200 μL h −1 . The mini-microscope was fitted at the bottom of the hepatic bioreactor for continuous observation. As shown in Fig. 5a-d , HepG2 cells started to aggregate from time zero, and when compact structures of cell aggregates were formed, they began to proliferate, well matching the reported motility and growth pattern of the cells. 42, 43 The dynamic process of cell migration is evidenced in Movie S1. † We then cultured NIH/3T3 fibroblasts in another bioreactor and monitored their migration. Again, the mini-microscope demonstrated a very high resolution and could efficiently monitor the motility of individual cells tested over a period of 2.5 h (Movie S2 †).
The heart is a vital organ in the body that functions as a biological pump to circulate blood among all organs in the body. A heart-on-a-chip provides a viable platform for not only studying biology but also screening cardiotoxic pharmaceutical compounds. 39, 40, 44 Here we built a cardiac bioreactor to evaluate the capability of the mini-microscope to analyze the beating of the heart-on-a-chip ( Fig. 5e ). A mixture of GelMA prepolymer and CNTs was sandwiched between two glass surfaces spaced at 1 mm and UV-cured. Cardiomyocytes were then seeded on top of the substrate to form a confluent cell sheet mimicking the myocardium. In this case, CNTs were incorporated into the GelMA matrix in order to enhance the intercellular communication between the cardiomyocytes, promoting their functionality. 34, 45 Fig. 5f shows a bright-field image of the cardiomyocytes in the bioreactor, revealing the morphology of the cardiac tissue. The mini-microscope was able to continuously record the beating of the cardiac tissue (Movie S3 †), which could further be analyzed in real time using a custom-written MATLAB program based on an intensity or pixel-shift method (Fig. 5g) . The beating of the cardiomyocytes in the heart-on-a-chip platform was monitored for up to 3 days without any disturbance and the cells maintained stable beating over the entire course of observation. In contrast, when using the conventional bench-top microscope where the cardiac bioreactor was required to stay exposed to a decreased temperature for an extended period of time and/or under mechanical disturbance, the cardiac tissues demonstrated a slowed or irregular beating rate (Fig.  5h ), greatly interfering with the experimental observations of 
Fluorescence mini-microscope-based oxygen sensor
Besides imaging cellular structures, measurement of the physical microenvironment of the platform is equally important in an organs-on-a-chip platform. 46 These physical parameters, including but not limited to the pH value, oxygen level, temperature, and osmotic pressure, all contribute to maintaining the homeostasis of the system and the normal functionality of the embedded organoids. Among these parameters, the oxygen level is critical as it strongly depends on the organ type and tissue architecture. 13, 47 Detection of oxygen levels in a microfluidic device and particularly oxygen consumption within the organoids however is challenging. Conventional approaches such as those based on electrochemistry 48 are not suitable due to strong interference caused by proteins and small molecules secreted by cells that lead to rapid biofouling of the sensor surfaces. Optical oxygen sensors are convenient and barely affected by biofouling, [49] [50] [51] [52] but the methods using bench-top microscopy do not allow in situ measurements based on compact devices. Here again, we proved that our fluorescence mini-microscope could be a versatile tool as an oxygen sensor for measurement of intraorganoid oxygen levels in a liver-on-a-chip platform.
Oxygen-sensitive PDMS microbeads were fabricated using a microfluidic device following our recently developed protocol (Fig. 6a, unpublished) . The PDMS microbeads had a uniform diameter of 30 μm (Fig. 6b ), which could be well dispersed inside an organoid for microscopic observation (Fig.  S2 †) . The microbeads were then doped with two fluorescent dyes, the oxygen-sensitive ruthenium dye and the inert, oxygen-irresponsive Nile blue. While the fluorescence intensity of ruthenium is inversely proportional to the oxygen concentration (i.e. its fluorescence is quenched by oxygen molecules), that of Nile blue is independent from oxygen and thus could serve as the internal control. In this case, a single piece of high-pass filter of >610 nm (common emission for both dyes) was inserted underneath the bioreactor to improve the sensitivity of imaging compared to the filter-free approach. In addition, two programmed excitation LEDs were fitted on the top of the bioreactor: 455 nm for exciting ruthenium and 591 nm for the excitation of Nile blue. Calibration curves were obtained using the setup in the absence of organoids (Fig. 6c ). It was clear from both the calibration curves and the mini-microscopic image that the fluorescence intensities This journal is © The Royal Society of Chemistry 2015 of ruthenium followed an exponential decay from 7-21% oxygen ( Fig. 6d-i) , whereas those of Nile blue remained constant over the range (Fig. S3 †) . The almost instantaneous responsiveness of the ruthenium fluorescence intensity of the microbeads towards oxygen was further exemplified in Movies S4 and S5 † where oxygen levels were tuned from 21-0% and 0-21%, respectively.
We then embedded the oxygen-sensitive PDMS microbeads inside a liver organoid prepared by UV-crosslinking a GelMA spheroid encapsulating a mixture of HepG2 cells and the beads at the bottom of a liver bioreactor; another layer of GelMA containing only the beads then encased the core (Fig. 6j) . The system was maintained in a perfusion culture at a flow rate of 200 μL h −1 for 24 h. Individual cells were also clearly discernible in the image captured by the minimicroscope under bright-field ( Fig. 6k ). Mini-microscope images were further taken at both ruthenium and Nile blue channels, and the oxygen intensities of the beads at different locations were recorded (Fig. 6l ) to calculate their respective oxygen levels based on the calibration curves. As expected, in the core of the liver organoid, the oxygen level dropped significantly to only <10%, with a trend of less oxygen towards the core and more along the periphery. By comparison, in the outer layer of the hydrogel where no cells were present, the oxygen levels were much higher ranging from 12-16%. Such capability of the mini-microscope combined with oxygen-sensing beads has provided a unique opportunity for convenient investigation of the intra-organoid oxygen consumption in an organ-on-a-chip platform, particularly useful for complex organs where multiple cell types are involved. Due to the compact size of the mini-microscope and its easy integration with microfluidic platforms, many other applications in biosensing are also potentially feasible, such as inclusion of multiple modules to monitor oxygen levels upand downstream of each bioreactor.
Conclusions
We have designed and fabricated a portable miniature microscope from off-the-shelf components and a webcam, which had built-in multi-color fluorescence capability to monitor cell motility, analyze cell/tissue viability and, as an optical sensor, to measure the biophysical properties of the microenvironment such as oxygen levels inside organoids based on an oxygen-sensitive fluorescent dye. The mini-microscope has adjustable magnifications of 8-60×, a high resolution of <2 μm, and a long working distance of 4.5 mm (at 8×). The cost of the mini-microscope barely exceeds $9, and the modular design allows ready integration with a wide variety of preexisting platforms including for example, petri dishes, cell culture plates, and microfluidic bioreactors. We believe that our fluorescence mini-microscope can likely replace the conventional bench-top microscopes in many biomedical applications where long-term in situ and high-throughput imaging capacity is required for investigations such as drug screening in organs-on-a-chip systems.
